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SUMMARY

Organ growth requires a careful balance between
stem cell self-renewal and lineage commitment to
ensure proper tissue expansion. The cellular and
molecular mechanisms that mediate this balance are
unresolved inmost organs, including skeletal muscle.
Here we identify a long-lived stem cell pool that medi-
ates growth of the zebrafish myotome. This popula-
tion exhibits extensive clonal drift, shifting from
randomdeploymentof stemcellsduringdevelopment
to reliance on a small number of dominant clones to
fuel the vast majority of muscle growth. This clonal
drift requiresMeox1, a homeobox protein that directly
inhibits the cell-cycle checkpoint gene ccnb1. Meox1
initiates G2 cell-cycle arrest within muscle stem cells,
and disrupting this G2 arrest causes premature line-
age commitment and the resulting defects in muscle
growth. These findings reveal that distinct regulatory
mechanisms orchestrate stem cell dynamics during
organ growth, beyond the G0/G1 cell-cycle inhibition
traditionally associated with maintaining tissue-resi-
dent stem cells.

INTRODUCTION

In vivo stem cell dynamics are best understood in adult tissues

undergoing homeostasis or repair. While the presence of self-

renewing and transient amplifying stem cell niches have been

identified within many adult organ systems, how these popula-

tions are coordinated during cellular turnover remained largely

unknown until recent advances in retrospective lineage-tracing

techniques. These analyses have demonstrated that the stem

cell compartments of a handful of adult tissues behave in a

neutral competitive manner to drive tissue replacement by a
Cell Stem Ce
process coined ‘‘clonal drift’’ (Gupta and Poss, 2012; Kronen

et al., 2014; Rios et al., 2014; Snippert et al., 2010). This

process, first described in the intestinal stem cell niche, is

characterized by the stochastic loss and reciprocal expansion

of the progeny of individual stem cells. This ultimately leads

to a pool of clonally related stem cells responsible for replenish-

ing the entire stem cell population, which in turn generates clon-

ally related differentiated tissues (Snippert et al., 2010). This

intriguing phenomenon remains entirely unexplained at a mech-

anistic level.

In contrast to the intense efforts undertaken in determining the

nature of stem cell regulation in adult tissues, stem cell deploy-

ment during organ growth remains largely unexplored. This likely

reflects the complexity of the milieu in which growth stem cells

operate, being required to tightly regulate self-renewal in the

face of the constant need for cellular differentiation within a

growing organ. Recent genomic lineage-tracing approaches

have demonstrated that relatively few lineages contribute to

the formation of most adult organs in zebrafish (McKenna

et al., 2016). These results imply that clonally related stem and

progenitor populations have the potential to drive cellular dy-

namics in growing tissues as they do during tissue homeostasis.

How this clonal identity is initiated and regulated mechanistically

during organ growth remains undefined.

In this study, we have sought to understand how growth-spe-

cific stem cells are deployed to generate growth using the para-

digm of the zebrafish myotome. We define a long-lived source

of stem cells specifically required for muscle growth. These

cells undergo clonal drift, resulting in a limited number of

stem cells generating the majority of adult muscle fibers. The

homeobox protein Meox1 controls this clonal drift by directly in-

hibiting the cell cycle checkpoint gene ccnb1. This inhibition

halts growth-specific stem cells in the G2 phase, thereby con-

trolling the balance between stem cell differentiation and self-

renewal. Collectively, these findings define how clonal tissue

growth occurs to produce an adult organ, and they provide a

mechanistic understanding of the processes that drive clonal

drift in vivo.
ll 21, 107–119, July 6, 2017 ª 2017 Published by Elsevier Inc. 107



(legend on next page)

108 Cell Stem Cell 21, 107–119, July 6, 2017



RESULTS

Distinct GrowthMechanisms Occur at Specific Zones to
Generate Clonally Related Muscle Fibers
The embryonic myotome expands 5-fold in fiber number to

generate the entire musculature of the body axis, which consti-

tutes 60% of the total body weight in adult fish through an

unknown mechanism (Johnston et al., 2011; Rowlerson and

Veggetti, 2001). In amniotes, two distinct mechanisms control

muscle growth: hyperplasia (the addition of new fibers) and hy-

pertrophy (the increase in existing fiber size). We determined

which of these muscle growth mechanism(s) were utilized in

zebrafish by developing a muscle-specific fluorophore matura-

tion assay, where we used two fluorophores with different

maturation rates to identify fiber ages, and we combined this

assaywithmorphometric measurements of individual fibers (Fig-

ure 1A; see also the STAR Methods). This analysis revealed that

new fiber addition occurred mainly at the lateral edges of the

myotome in stratified hyperplastic growth zones (Johnston

et al., 2011), while older fibers were primarily located deeper in

the myotome (Figures 1B–1E and S1A–S1C). Counting of new

fibers (Figures 1F, S1D, and S1E) and measurements of fiber

number, fiber cross-sectional area, fiber length, and nuclei

number throughout development indicate that hyperplasia and

hypertrophy occur simultaneously through to adulthood, but

they predominate in distinct temporal phases (Figures 1G and

S1G–S1L’’’). Intriguingly, cross-sectional area (CSA) and length

increase within newly formed fibers that arise later in develop-

ment, without the proportional increase in nuclear accretion

that is evident in older fibers at all stages of development

(Figure S1H).

These observations suggest that distinct mechanisms may

drive the hypertrophic response at different stages of develop-

ment. Our analyses also showed that cross-sectional area directly

correlated with fiber age, with small diameter fibers being the

most newly formed and larger diameter fibers representing older

fibers (Figure S1G). Furthermore, the expression of transgenic

lines marking muscle stem and progenitor cells (Seger et al.,

2011) and myocytes committed to muscle differentiation (Gure-

vich et al., 2016) correlated precisely with the hyperplastic growth

zones (Figures 1H and 1I0). These results suggest the existence of
a permanent muscle stem cell population, situated on the lateral

surface of the myotome, which generates hyperplastic growth.

The origin and mechanism of stem cell deployment utilized for

growth was next examined by developing a muscle-specific line-

age-tracing strategy using the zebrabow system, which we

termed ‘‘musclebow’’ (Gurevich et al., 2016) (Figures 2A and S2;
Figure 1. Characterization of Muscle Growth in Zebrafish

(A–E) A hyperplastic growth zone is located at the lateral surface of the myotom

expresses two fluorophores with different maturation rates and can therefore id

converted into an average heatmap based on the relative fluorescence of DsRed1

common regions of DsRed1+/GFP+ old fibers (blue zones), while regions of GFP a

of the myotome (E).

(F) Counting of fiber generation reveals a high level of hyperplastic growth at ear

(G) Measurement of the fiber area reveals that significant levels of hypertrophy o

(H and I) Hyperplasic growth is localized to the lateral surface of the myotome.

entiation (myogenin, I and I’) expression is restricted to the lateral surface. (H) an

Scale bar, 100 mm; mean ± SEM; *p % 0.05, **p % 0.01, and ***p % 0.001. See
STAR Methods; Movie S1). This system labels every somitic de-

rivative, which includes muscle stem cells, in a unique recombi-

nant color. We quantified the clonality of newly born, small diam-

eter fibers using the mean distances between the spectral

coordinates of differently colored clones on color wheel Cartesian

plots (Figure S2A; refer to the STAR Methods). We determined

that the fiber colors generated by musclebow recombination

are random, with no evident color bias or labeling of independent

clones with the same color (Figures 2 and S2F). We next exam-

ined if individually colored clones fragment over time, a process

that could potentially distort our analyses. Wemeasured the color

profiles of every fiber in a continuous fashion from 2 days post-

fertilization (dpf) to 6 dpf within individual larvae (n = 2,168 in

five individual larvae), and we failed to detect fragmenting clones

(Figure S2F). Migration of stem and progenitor cells could also

distort clonal analyses. We therefore measured the position of

newly formed fibers relative to the myotome edge from 2 to

6 dpf, a proxy for distance traveled by the stem/progenitor cells

that made them. This analysis revealed little variation in the site

of newly formed fibers, suggesting that individual clones with

distinct migratory behaviors are not a feature of muscle growth

in the zebrafishmyotome (Figure S2G). We also examined if there

was any wholesale rearrangements of differentiated myofiber

positioning that would alter the interpretation of the musclebow

system. As each fiber is marked in a unique color, we charted

the position of existing fibers of the same fish over successive

time points, which revealed that fibers maintained the same

relative position and color throughout this time period (Figures

S1M’–S1Q’), indicating that no wholesale repositioning of pre-ex-

isting fibers occurred during myotome maturation.

Muscle cell fusion also has the potential to confound our ana-

lyses, as maturing muscle fibers becomemulti-nucleated, a pro-

cess that could alter fiber color over time within the musclebow

system. We limited this possibility by only measuring newly born

fibers, which previously we have shown exhibit limited nuclear

addition (Figure S1H). In line with this contention, no change in

color was detected within individual fibers from 2 to 6 dpf in

the analyses described above, suggesting fusion was unlikely

to distort the spectral properties of fibers over time. To directly

test the role of fusion in clonal distortion, we induced hyperfusion

of individual muscle fibers by creating a construct that ex-

pressed a constitutively active (ca) form of Rac1 from the

myoblast-specificmyogenin promoter. caRac1 has been shown

to induce increased levels of fusion in zebrafish larval muscle

cells (Srinivas et al., 2007). We found that increasing nuclei

number in individual muscle fibers had no effect on color diver-

sity of individual fibers, reinforcing that muscle fusion was not
e. (A) Schematic of the fluorophore maturation assay in which the same fish

entify new and old fibers. Superimposed sections of five different fish were

and GFP. Fish were examined at 5 mm (B), 10 mm (C), and 15 mm (D) to reveal

lone indicated new fiber addition (white zones) was enriched at the lateral edges

ly stages (5–15 mm) and a reduced level at later stages (20–30 mm).

ccur at all stages.

Stem cells (pax3a-GFP, H and H0) and myocytes committed to muscle differ-

d (I) are stitched confocal tilescans.

also Figure S1 and the STAR Methods.
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a confounding factor in our analyses (Figures S2H and S2I’’;

STAR Methods).

Collectively, these analyses suggested that the musclebow

system would provide a robust assay to describe the nature of

clonal contributions during the growth of the zebrafishmyotome.

We therefore determined the clonality of muscle growth at spe-

cific time points throughout the lifespan of the fish. From embry-

onic until mid-larval stages, the recombinant colors of the newly

generated (smallest) fibers were random (Figures 2B, 2C0, and
S1M–S1Q), indicating this phase of muscle growth displayed

stochastic stem cell activity. From late-larval stages until adult-

hood, newly differentiated fibers exhibited a drift toward a single

color (clonality) such that, in adults, whole sectors of each

myotome were uniform in color (Figures 2D–2F). These results

demonstrate that, initially, multiple independent stem cells

randomly contribute to fiber generation and, over successive

self-renewal events, a single stem cell clone comes to dominate

growth within individual myotomes.

We next utilized mathematical modeling to test whether the

observed clonal drift of muscle stem cells behaved in a neutrally

competitive manner. For this model, we defined three distinct

cellular behaviors as follows: clonal if all cells clustered within a

mathematically defined region of the color spectra, stochastic

if all cells were different from clonal, and oligoclonal if some,

but not all, cells clustered within the clonal definition. The clona-

lity of each segment was quantified using a modified mathe-

matical simulation of the neutral drift model (Klein and Simons,

2011) to accommodate growth parameters (see also the STAR

Methods). This analysis revealed our experimental values

followed the simulated neutral drift model (Figure 2G), demon-

strating that long-lived, clonally dominant stem cells are also

featured during organ growth as well as during adult tissue

homeostasis (Gupta and Poss, 2012; Kronen et al., 2014; Rios

et al., 2014; Snippert et al., 2010).

Compartmentalized Niches within the External Cell
Layer Facilitate Self-Renewal and Transient
Amplification of Stem Cells
The external cell layer (ECL) is a cellular structure positioned on

the lateral surface of the myotome that we and others have

shown to generate stem and progenitor cells for larval muscle

growth (Devoto et al., 2006; Hollway et al., 2007; Stellabotte

et al., 2007). It is marked by the same transgenes expressed in

the muscle stem/progenitor cells located at the stratified hyper-

plastic growth zones defined above. These observations indi-

cate that the ECL represents a lifelong stem cell pool required

for both larval and adult muscle growth. We therefore reasoned
Figure 2. Population Dynamics of Muscle Growth in Zebrafish
(A–E) Clonal drift of stem cells during growth. (A) Use of Tg(ubi: zebrabow); Tg(m

somite derivatives, which include muscle fibers and stem cells. Representativ

(multicolored newest/smallest fibers) at early (B and B0) and mid-larval stages (C

pool drifts toward clonality (same color in newest/smallest fibers). (B0)–(E0) are e

tilescans.

(F) Color profile quantification between every new fiber reveals a significant decr

(G) Actual data follow the neutral competition model as the actual data (dots) lie wit

actual data with SEM, solid lines represent simulated values that were predicted b

confidence interval range. Black represents stochastic action, yellow represents c

replacement rate per day.

Scale bar, 100 mm (B–E) and 50 mm (B’–E’); mean ± SEM; ****p % 0.0001. See a
that understanding the nature of stem cell dynamics within the

ECL during muscle growth would help resolve the mechanistic

basis of myotomal clonal drift. To understand the process coor-

dinating ECL-derived growth more fully, we undertook daily in-

spection of the ECL-marking transgenic line TgBAC(pax3a:

GFP) (Seger et al., 2011). This analysis revealed that, when the

ECL was first established (1 dpf), pax3a-positive cells were

evenly distributed across the lateral myotomal surface as previ-

ously reported (Seger et al., 2011). From 3 dpf onward, however,

dramatic cell rearrangements resulted in themajority of ECL cells

localizing to extracellular matrix-rich regions termed the horizon-

tal myoseptum (HM) and vertical myoseptum (VM). Additionally,

from 3 dpf onward, there was the emergence of a distinct cellular

pool deeper within the myotome that occupied the intracellular

spaces betweenmuscle fibers (Figures 3A and 3Bii0C;Movie S2).

To understand how these distinct subsets of cells arose, we

undertook continuous time-lapse imaging of the ECL. This re-

vealed distinct proliferative modes during ECL maturation, and

it defined the myoseptas as a potential self-renewing and

transit-amplifying niche for growth. All proliferative events in

the ECLwere associated with themyosepta, with the vast major-

ity of divisions associating with the VM compared to the HM

(Figure 3C). These divisions were broadly classified into planar

proliferations that expanded the myosepta-associated pool or

asymmetric divisions that generated one daughter cell that

remained at the VM and the other localized to the central ECL re-

gion (Figures S3A and S3B’’; Movie S3). By 3 dpf, concurrent

with the emergence of the myotomal population, additional pro-

liferation modes associated with the deeper myotome cells were

identified (Figures S3C, 3F, and 3G; Movie S3). Quantification of

proliferative events revealed at 1 dpf that all ECL proliferation

modes were represented until 3 dpf, when proliferation associ-

ated with the myotomal population predominated (Figures 3E

and S3E). Furthermore, an analysis of migration revealed cells

at the HM transiting to the VM, but never vice versa (Figure S3D;

Movie S4). Additionally, the migration of cells into the myotome

exclusively occurred at the VM (Figure S3D’; Movie S4).

The association between proliferation frequencies and spe-

cific regions within the ECL suggested the existence of defined

niches dedicated to stem cell maintenance and progenitor

amplification. We therefore conducted label retention analyses

of ECL cells, as this technique has commonly been used to iden-

tify quiescent and transit-amplifying stem cells in a number of

organ systems (Buczacki et al., 2013; Chakkalakal et al., 2014;

Foudi et al., 2009) (see also the STAR Methods). This analysis

demonstrated that all ECL cells initially exhibited similar levels

of label retention. By 3 dpf, the highest label-retaining cells
sgn1: CreERT2) double transgenics allows drug-induced recombination of all

e images during larval and adult stages show stochastic stem cell behavior

and C0), while from late-larval (D and D0) to adult stages (E and E0 ) the stem cell

nlarged images denoted in (B)–(E), respectively. (B)–(E) are stitched confocal

ease in the mean spectral distance, which represents a drift toward clonality.

hin the 95%confidence interval range of the simulation (gray). Dots indicate the

y the neutral competition model, while the gray shaded area indicates the 95%

lonal action, and blue represents populations not yet fully clonal (oligoclonal).R,

lso Figure S2, Movie S1, and the STAR Methods.
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Figure 3. Cellular Dynamics of the External Cell Layer

(A) Schematic of the ECL. Imaging location of the ECL as bounded by the red box. (A’) ECL schematic with solid and dotted black lines representing the VM and

HM, respectively, and green dots as ECL cells.

(B) pax3a transgene expression. Images of TgBAC(pax3a: GFP); Tg(acta1: mCherryCAAX) double transgenics highlight the ECL in green and muscle membranes

in red. (B) is a maximum projection. (Bi) is a confocal slice. (Bii) is a transverse section. (B0) is an enlarged image denoted in (B). (Bi0A)–(Bi0C) are enlarged images

denoted in (Bi). (Bii0A)–(Bii0C) are enlarged images denoted in (Bii). Arrowheads and arrows specify pax3a-GFP+ cells in the myotome and ECL, respectively.

(C–E) Distinct cell behaviors during ECL establishment. (C) ECL proliferation mainly occurs at the VM. (D) Quantification of proliferation location shows at 1 dpf, all

proliferation was ECL restricted, while at 3 dpf, proliferation equally occurred at the ECL and myotome. (E) Quantification of proliferative modes show that all ECL

modes are represented at 1 dpf, while myotome-related modes predominate by 3 dpf.

(F and G) Label retention shows distinct cycling states at the myosepta. (F) Fluorescence intensity quantification reveals a significant increase only at the HM. A

computationally generated heatmap of the fluorescence intensity reveals all ECL cells are initially equal in label retention (G), while at later stages label retention is

highest in cells at the HM (red) and lowest at the VM (blue) (G0 and G0 0).
(H–J) meox1 expression becomes restricted to the HM. Meox1 antibody staining (red) with the ECL transgenic (green) at 2 dpf (H–Ji) show high fluorescence

intensity of Meox1 at the HM (white arrowheads) and weaker Meox1 labeling at the VM (double white arrowhead), while cells not localized to the myosepta were

Meox1 negative (pink arrowhead). (H0)–(J0) are high-magnification images denoted in (H)–(J), respectively. (Hi)–(Ji) are optical transverse sections of (H)–(J),

respectively. Scale bar, 50 mm (all images except for enlarged images, which are 25 mm); mean ± SEM; *p % 0.05, **p % 0.01, and ***p % 0.001.

See also Figures S3 and S4; Movies S2, S3, and S4; and the STAR Methods.
were largely located at the HM in contrast to the low label-

retaining cells at the VM (Figure 3G; quantification in Figure 3F).

These differences in proliferative activity were confirmed with

EdU labeling (Figure S4).

To define how these distinct zones of cell behaviors are estab-

lished within the ECL, we systematically examined genes re-

ported to be restricted to ECL cells. This analysis revealed the

homeobox-containing gene meox1 progressively became

restricted to cells at the HM. Meox1 is initially globally expressed

in ECL precursors of the anterior somite and then within all

cells of the newly formed ECL (Nguyen et al., 2014). However,

by 2 dpf it is highly expressed within the nuclei of the low-cycling,

label-retaining, pax3a-positive cells present at the HM (Figures

3H–3Ji and S3H). Collectively, these studies support a model

where the HM possesses a reservoir of low-cycling, Meox1-ex-

pressing stem cells. These cells then generate a small number of

progenitors that migrate to the VMand undergo transit amplifica-

tion to generate myoblasts for muscle growth.

StemCell Self-Renewal and Differentiation Is Regulated
by Meox1
We previously reported that meox1 mutants displayed reduced

ECL cell numbers of �40% of wild-type (Nguyen et al., 2014).
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Further analyses revealed that the ECL ofmeox1mutants recov-

ered to wild-type levels both in terms of cell number and density

(Figure S5I). However, the ECL exhibited a progressive loss of

cells associated with the HM and VM through to adulthood in

meox1 mutants (Figures 4A–Di0 and S5G). Time-lapse analyses

of the ECL within meox1 mutants revealed that, in conjunction

with the lack of myosepta-associated cells, there emerged atyp-

ical proliferative modes associated with the edges of these my-

osepta exclusion zones, with the most prevalent of these being a

loss of the orientation of divisions relative to the myosepta (Fig-

ures 4E, 4F, and S5A–S5F; Movie S5). A significant increase in

the number of pax3a-GFP-positive ECL cells migrating into the

myotome was also evident (Figure S5J). Upon delamination,

ectopically migrating ECL cells initiated myogenin expression

and underwent precocious differentiation, leading to a prema-

ture loss of ECL cells (Figures 4I, 4J0 0, and S6A–S6C’i). Further-

more, label retention analyses demonstrated a complete loss

of the low-cycling population at the HM in meox1 mutants (Fig-

ures 4G and 4H0 0). To confirm that the loss of cells at the HM

was due to ectopic differentiation of the stem compartment

and not due to a lack of ECL formation at the myosepta develop-

mentally, we compared the density of ECL cells present at the

HM of meox1 mutants and wild-type sibling embryos at 1 dpf,



Figure 4. meox1 Mutants Display Defects in ECL Dynamics
(A–D) meox1 mutants lack myosepta-associated cells. The ECL is indistinguishable between siblings at 1 dpf (A–Ai0 and C–Ci0). From 3 dpf onward mutants

exhibit a loss of cells associated with the HM and VM, while the myotome population arises normally (B–Bi0 and D–Di0). (A0)–(D0) are enlarged images denoted in

(A)–(D), respectively. (Ai0)–(Di0) are enlarged images denoted in (Ai)–(Di), respectively. (Ai)–(Di) are optical transverse sections of (A)–(D), respectively. Arrows and

arrowheads denote cells within the ECL and myotome, respectively.

(E and F) meox1 mutants display abnormal ECL dynamics. Quantification of proliferation location (E) and proliferation mode (F) show abnormal modes pre-

dominate in the mutant ECL.

(G and H) Label retention reveals loss of low-cycling cells inmeox1mutants. Quantification of label retention in mutants reveals a lack of label retention at the HM

and a reduction at the VM (G). Fluorescence intensity heatmaps of label-retaining cells reveal similar label retention across all cells in the newly formed ECL of both

wild-type and mutant siblings (H). At later stages, however, there is a loss of the low-cycling cells in mutants (H0 and H0 0).
(I and J) meox1 mutants undergo ectopic differentiation within the ECL. In situ hybridization with myogenin reveals ectopic expression within the ECL of meox1

mutants. (I0) and (J0) are high-magnification images denoted in (I) and (J), respectively. (I0 0) and (J0 0 ) are transverse sections. Arrowheads in (J0 0 ) highlight ectopic
differentiation within the ECL. (I) and (J) are stitched tilescans.

Scale bars, 50 mm (all images except for A0–Di0, I0 0, and J0 0, which are 25 mm); mean ± SEM; ***p % 0.001 and ****p % 0.0001. See also Figures S5 and S6 and

Movies S5 and S6.
the time at which the ECL is first formed. This analysis showed no

significant difference in HM-associated cell number between

mutant and wild-type siblings, indicating that the specification

of HM-associated cells was not altered in meox1 mutants (Fig-

ure S5H). Collectively, these data suggest a requirement for

meox1 in regulating ECL self-renewal, with a loss of Meox1

activity resulting in the expansion of differentiation-competent

progenitors at the expense of the self-renewing stem cell pool.

We next examined whether the abnormal ECL dynamics

evident during larval stages were responsible for the severe

muscle growth defects reported in homozygous meox1-defi-

cient fish (Nguyen et al., 2014). Musclebow analyses revealed

no difference in the initial stochastic phase of embryonic and

larval growth (Figures 5A, 5B0i, S6D, and S6E’’’’). By contrast,

meox1 mutants failed to exhibit clonal dominance, contrasting

strikingly with wild-type siblings during the juvenile to adult

stages. These mutants instead maintained a stochastic stem

cell profile resulting in multi-colored fibers within the adult

myotome (Figures 5C–5E).

As different cell dynamics between mutant and wild-type may

influence clonal drift, we examined the initial location of fiber

generation relative to the ECL. This analysis found no significant

difference between mutant and wild-type siblings (Figure S2G),

suggesting that differential migration did not underlie the differ-

ence in stem cell behaviors. In addition, modeling of mutant fiber

color profiles revealed that neutral drift was no longer occurring
(Figure 5F). In fact, the simulation indicated that, in order for the

mutant stem cell pool to behave in a neutrally drifting manner, its

stem cell replenishment rate must be one-ninth slower

compared to wild-type (Figure S6F). This reduced stem cell

replenishment rate was approximated by the experimentally

determined level of ectopic differentiation evident in meox1

mutants (Figure S6F’; see also the STAR Methods).

Along with growth, muscle regeneration after injury also re-

quires a stem cell source that generates repair in a highly clonal

manner (Gurevich et al., 2016). We have previously defined the

cellular source for the regeneration-specific stem cell pool in

zebrafish, which we show is analogous to the mammalian satel-

lite cell (Gurevich et al., 2016). These cells are distinct in function

and location to those that are required for growth, and they

are likely activated and specified by distinct mechanisms. How-

ever, the highly clonal nature of the regeneration process we

have previously described led us to examine the role of

meox1 in this process. Surprisingly, examination of meox1

mutants following needle stab injury revealed a loss in clonality

of regenerated fibers (Figures S6G–S6I; Movie S6), as well as a

delay in regeneration (Figures S6J–S6L) when compared to

wild-type siblings. Collectively, these results suggest that the

abnormal ECL behaviors observed in meox1 mutants may

result in a failure to produce a stable, clonally dominant stem

cell pool, a defect that could affect muscle growth dynamics

and regeneration.
Cell Stem Cell 21, 107–119, July 6, 2017 113



Figure 5. A Defective ECL Alters Long-Term Growth Dynamics in meox1 Mutants

(A–D) meox1 mutants fail to drift clonally throughout life. Musclebow analysis reveals stem cells in both mutant and wild-type siblings behave stochastically up

until mid-larval stages (A–B0 i). From late-larval stages until adulthood, wild-type siblings drift toward clonality as denoted by the expression of the same color in

within newly/smallest generated fibers (C–Di). In contrast, mutants fail to drift toward clonality as denoted by the expression of distinct colors within newly/

smallest generated fibers (C0–D0 i). (Ai)–(D0 i) are enlarged images denoted in (A)–(D0), respectively. (A)–(D0) are stitched confocal tilescans.

(E) Quantification of the color profiles confirms wild-type siblings drift toward clonality in contrast to mutants.

(F) Simulation of stem cell dynamics confirms mutants do not follow a neutral drift model. Black represents stochastic action, yellow indicates clonal

action, and blue represents populations not yet fully clonal. R, replacement rate per day. Scale bars, 50 mm (Ai–D0 i0) and 100 mm (A–D0); mean ± SEM; ns, no

significance; **p % 0.01.

See also Figure S6.
G2 Phase Cell-Cycle Arrest Controls Growth-Specific
Muscle Stem Cell Maintenance
We next sought to determine the mechanism by which meox1

regulated stem cell self-renewal during growth. The G0 phase

is considered as a reversible transition phasewithin theG1 phase

of the cell cycle. It is commonly associated with quiescence, and

its regulation has been intensively studied in a number of

different stem cell systems (Chakkalakal et al., 2012, 2014;

Cheng et al., 2000; Kippin et al., 2005). Additionally, Meox pro-

teins have been previously implicated in directly repressing the

expression of cyclin-dependent kinase (CDK) inhibitors that

regulate the G0 checkpoint in endothelial cells (Douville et al.,

2011; Gorski and Leal, 2003; Gorski et al., 1993). We, however,

could not detect any obvious differences in expression of any

CDK genes between mutant and wild-type ECL cells sorted via

fluorescence-activated cell sorting (FACS; data not shown). To

determine whether there were any detectable ECL-specific cell

cycle defects within meox1 mutants, we used a live-cell cycle

reporter line Tg(ubi: dual fucci) (Bouldin and Kimelman, 2014;

Bouldin et al., 2014) (see also the STAR Methods). This analysis

surprisingly did not find any G0 phase-arrested cells within the

ECL. Instead, HM cells were specifically arrested in the G2

phase, while VM cells were not labeled (Figures 6A–6D0 and
S7A–S7Dii’). Moreover, the timing of G2 arrest at the HM coin-

cided with the restriction of Meox1 expression to these cells,
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and meox1 mutants showed an absence of G2 phase-labeled

cells within the HM (Figures 6E–6J and S7E–S7I).

Since cyclin genes are known to control specific cell cycle

checkpoints, we examined the expression of cyclin genes in

FACS-sorted ECL cells derived from meox1 mutants and

wild-type siblings. This analysis detected an upregulation of

only two cell cycle checkpoint regulators: cyclinA2 (ccna2)

and cyclinB1 (ccnb1) in meox1 mutants (Figure 6E). Previous

studies have determined that ccnb1 is solely involved with

G2/M progression; and while ccna2 primarily controls the

G1/S checkpoint, it can also associate with ccnb1 to promote

G2/M progression (Fung et al., 2007; Furuno et al., 1999;

Gong and Ferrell, 2010; Pagano et al., 1992). Strikingly, in situ

hybridization confirmed an ECL-specific increase in expression

of both these regulators in meox1 mutants, particularly at the

myosepta (Figures 6F, 6G’’, S7E, and S7F’’). Cell cycle analysis

by DNA content on FACS-sorted ECL cells within meox1

mutants confirmed a significant reduction of G2 phase cells

only within pax3a-GFP-positive cells, while non-ECL cells

(pax3a-GFP negative) did not show this difference in G2 phase

(Figure S7D). Assay for transposase-accessible chromatin

with high-throughput sequencing (ATAC-seq) analysis revealed

that the chromatin regions surrounding the transcriptional

start site of genes associated with the gene ontology

(GO) term cell cycle were accessible as expected during



Figure 6. meox1 Represses ccnb1 to Regulate G2 Phase of Self-Renewing Stem Cells

(A–H) Cell cycle status within the ECL. Computational annotation of dual fucci expression at 3 dpf reveals all ECL cells in both wild-type andmeox1mutants are

colorless (white arrowhead), except within cells along the HM (bracket) of wild-type embryos, which exclusively accumulate mCerulean (blue arrowhead, A–D0),
while mutants show a loss of mCerulean accumulation at the HM (E–H0). mCherry+ cells are migrating neural crest cells and are unaffected. (A0)–(H0) are enlarged

images denoted in (A)–(H), respectively.

(I) Schematic of the dual fucci construct shows that mCherry labels G1 phase cells. Proliferative cells (S/G2/M phase) are colorless, as cell dynamics are rapid

compared to the slow mCerulean maturation rate. Therefore, mCerulean can only be visualized when they are halted in G2 phase.

(J) Quantification of dual fucci expression shows cells at the HM are in G2 phase in wild-type siblings and lost in mutants.

(K and L) ccnb1 expression is increased inmeox1 mutants. In situ hybridization with ccnb1 shows increased staining within 3 dpf mutant ECL particularly at the

VM (arrowhead, K–L0 0). (K0) and (L0) are enlarged images as denoted in (K) and (L), respectively. (K0 0 ) and (L0 0 ) are transverse sections. (K) and (L) are stitched

tilescans.

(M) qPCR reveals only ccna2 and ccnb1 are upregulated in mutants.

(N and O) meox1 directly binds to the ccnb1 regulatory region. ChIP-qPCR with Meox1 antibody at the two predicted meox1-binding sites (red boxed region

shown in O) reveals Meox1-binding enrichment at these sites (N). ATAC-seq on wild-type embryos defines the chromatin-accessible ccnb1 regulatory regions at

3 dpf (O). The red box highlights the only peak that contains two potentialmeox1-binding sites. Scale bars, 50 mm (all images except for A’–H’, which are 25 mm);

mean ± SEM; ****p % 0.0001.

See also Figure S7 and the STAR Methods.
development (Figure S7H). Moreover, defined regulatory re-

gions surrounding ccna2 and ccnb1, which were specifically

upregulated in meox1 mutants, were clearly accessible by
ATAC-seq analysis (Figures 6I and S7G). Bioinformatic predic-

tions within these active regions revealed only two potential

meox1-binding sites downstream of ccnb1 (Figure 6I), and
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chromatin immunoprecipitation (ChIP)-qPCR using a Meox1-

specific antibody revealed enriched binding at these sites

(Figure 6H).

To further examine the role ofmeox1 in G2 phase-specific cell

cycle regulation, a construct encoding mouse Meox1 followed

by internal ribosome entry site (IRES) GFP was transfected into

a myoblast cell line (C2C12). qPCR on GFP+ FACS-sorted cells

revealed the expected upregulation ofmeox1 in transfected cells

(Figure S6M) and a significant downregulation of only G2 phase-

associated cyclins (ccna2 and ccnb1; Figure S6N). In addition,

the injection of full-length meox1 mRNA into zebrafish embryos

resulted in a significant downregulation of ccnb1 expression.

This was in contrast to a modified meox1 mRNA construct in

which the homeobox domain was specifically deleted, which

when injected did not result in a significant change in ccnb1

expression (Figure S6O).

Thecontrol of stemnessofECLcells via theG2phasewasanun-

expected finding. Since meox1 mutants exhibited a loss of G2

phase cells, we tested whether preventing mutants from entering

the cell cycle could rescue the ectopic differentiation evident in

ECL cells. Nocodazole, a widely used cell cycle inhibitor that pre-

ventsmitosis (Blajeski et al., 2002;Gonzales et al., 2015),was able

to rescue the ectopic ECLcell differentiation inmeox1mutants in a

dose-dependent manner (Figures 7A–7C and S7I–S7M’). This

rescue occurred independently of apoptosis (Figure S7O), and a

similar rescue in ectopic differentiation within meox1 mutants

was evidentwithgenistein treatment, a reportedG2phasedrug in-

hibitor (Murphey et al., 2006) (Figure S7N). Intriguingly, preventing

mitosis in wild-type fish resulted in a striking increase of Meox1

expression within the ECL. Specifically, Meox1 expression was

no longer confined to the self-renewing niche at the HM, but it

now occurred in other regions of the ECL that normally did not ex-

press Meox1 (Figures 7D–7G). Collectively, these results suggest

that a Meox1-dependent, ccnb1-mediated, G2-phase cell-cycle

arrest triggers a positive feedback loop that both regulates

growth-specific muscle stem cell self-renewal and maintains

Meox1 expression within the stem compartment. Loss of meox1

results in the inability to maintain cells within this phase, with

ECL cells advancing through the cell cycle to undergo ectopic

differentiation (Figure 7H).

DISCUSSION

Adult stem cell quiescence has traditionally been associated

with G1/G0 phase, as it presumably reduces metabolic stress

and preserves genomic integrity (Cheung and Rando, 2013).

Our study represents the first example of in vivo stem cell main-

tenance via G2 phase accumulation, and loss of this cell cycle

phase in growth-specific stem cells leads to ectopic differentia-

tion. Previous studies have shown that the control of cell differ-

entiation via the G2/M phase transition has been associated

with early embryonic events, such as cleavage (Murray and

Kirschner, 1989), midblastula transition (Shimuta et al., 2002),

and anterior-posterior axis growth (Bouldin et al., 2014). We

thus hypothesize that the G2 phase state allows tissue-resident

stem cells to be better primed to react to growth triggers.

This study also demonstrates that long-lived clonally dominant

stem cells generate normal tissue growth, and we describe a

potential molecular mechanism by which this phenomenon of
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clonal drift is controlled. Our results also provide a mechanistic

understanding for how the previously reported clonal relation-

ship of cells with adult organsmight be achieved at themolecular

level (McKenna et al., 2016), and collectively our results suggest

that clonal drift may represent a general mechanism employed

for the formation of most adult tissues and organs. Conse-

quently, our study has implications for ongoing attempts to

generate organs in vitro from stem cell-derived rudiments, sug-

gesting that the processes that direct clonal drift will need to

be recapitulated with these nascent tissues to generate fully

functional adult-like organ forms. Our observations could also

impinge directly on more general concepts, such as the cancer

stem cell hypothesis, suggesting that the transformation of clon-

ally dominant, growth-specific stem cells may be one possible

mechanism that leads to the generation of cancer stem cells

within different tissues, although such a concept awaits experi-

mental validation.

Our results raise the intriguing question of how the growth

stem cell niche is regulated during different phases of organ

growth. We have defined a specific central, cell-autonomous

regulator of muscle growth stem cells in the meox1-dependent

cell cycle control, but the question of how upstream niche sig-

nals co-ordinate stem cell activation during growth remains to

be defined. Studies of muscle stem cells during regeneration in

post-natal rodent muscle reveal that both circulating and local

niche factors are critical in coordinating the cell cycle status of

the stem cell response to muscle injury, as is also apparent in

other adult stem cell systems (Conboy et al., 2005; Dumont

et al., 2015; Li and Clevers, 2010; Quarta et al., 2016; Rodgers

et al., 2014). Similarly defining the growth triggers that stimulate

growth-specific stem cell activation, and indeed those that

oppose these signals in adult organs reaching homeostasis,

will be a major focus of future studies. Furthermore, defining

how such signals promote or suppress the drift to clonal domi-

nance of specific stem cell populations, a phenomenon that

may well be a universal feature of organ development, remains

an experimental imperative.
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Figure 7. Modulating G2 Phase Prevents Differentiation and Induces Stemness

(A and B) Halting mitosis ameliorates ectopic myogenic differentiation inmeox1mutants. Ectopic myogenic differentiation as shown bymyogenin expression in

mutants (A and A0) is prevented by inhibiting embryos from proceeding past M phase with Nocodazole treatment (B and B0). (A0) and (B’) are enlarged images

denoted in (A) and (B), respectively.

(C) Quantification of myogenin expression reveals a dose-dependent reduction of ectopic myogenic differentiation with increasing drug concentrations.

(D–G) Preventing cell cycle entry induces ectopic Meox1 expression. Nocodazole induces unrestricted ectopic expression of Meox1 throughout the ECL in wild-

type embryos (D–F0 0) and is confirmed with quantification (G).

(H) Model of muscle stem cell regulation during growth. Wild-type ECL cells at the HM represent the self-renewing niche (A). Meox1 expression within these HM

cells negatively regulates the cell cycle checkpoint gene ccnb1, which halts cells within the G2 phase. This in turn promotes meox1 expression in a positive

feedback loop and maintains a stable low-cycling niche. A subset of these cells migrate (green arrow) and populate the transit-amplifying niche at the VM (B).

Here, two stem cells pools are generated (ECL and myotome-associated cells) through defined proliferative modes. The constant loss of cells for differentiation

and replenishment from the migrating cells at the HM produces a clonal stem cell population (L). Whenmeox1 activity is lost, exclusion zones form such that no

ECL cells localize to the myosepta. The loss of the self-renewing niche at the HM (C) is due to an upregulation of ccnb1 activity, which consequently leads to cell

cycle progression resulting in the reactivation of proliferation normally not observed at this location. The loss of the stem and transit-amplifying population leads to

atypical ECL proliferation and ectopic differentiation. The constant proliferation and ectopic differentiation, coupled with the inability to undergo G2 phase-

mediated self-renewal, results in the failure to generate a clonal stem cell pool for muscle growth. Consequently, a stochastic mode of progenitor differentiation is

deployed for muscle growth, which is evident in a failure to undergo clonal drift. Scale bar, 50 mm; mean ± SEM; ****p % 0.0001.
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